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Abstract We have imaged microtubules, essential
structural elements of the cytoskeleton in eukaryotic
cells, in physiological conditions by scanning force
microscopy. We have achieved molecular resolution
without the use of cross-linking and chemical fixation
methods. With tip forces below 0.3 nN, protofilaments
with ~6 nm separation could be clearly distinguished.
Lattice defects in the microtubule wall were directly
visible, including point defects and protofilament sepa-
rations. Higher tip forces destroyed the top half of the
microtubules, revealing the inner surface of the
substrate-attached protofilaments. Monomers could be
resolved on these inner surfaces.

Keywords Atomic force microscopy - Microtubule -
Scanning force microscopy

Abbreviations APTS: (3-aminopropyl)triethoxysilane -
DETA: N'-[3-(trimethoxysilyl)propyl]diethylenetri-
amine - EM: electron microscopy - MT: microtubule -
SFM: scanning force microscopy

Introduction

The cytoskeleton of eukaryotic cells is a highly dynamic
system, constantly reconstructing itself to perform
complicated functions, such as cell growth, locomotion
or division. Microtubules (MTs), a central component of
this cytoskeleton (Alberts et al. 2002), interact with a
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multitude of microtubule-associated proteins (Cassime-
ris and Spittle 2001) and also serve as tracks for
molecular motors of the kinesin and dynein families
(Hirokawa 1998). MTs are two-dimensional tubular
protein polymers and in vivo are commonly composed
of 13 parallel protofilaments (Tilney et al. 1973), which
are connected laterally into hollow tubes. Protofilaments
consist of head-to-tail joined dimers of o- and f-tubulin
(55 kD each). The outer diameter of an MT is about
25 nm, while the length can vary from tens of nanome-
ters to tens or even hundreds of micrometers, frequently
spanning the whole cell (Alberts et al. 2002).

The atomic structure of tubulin has been solved by
electron crystallography (Nogales et al. 1998), followed
by a high-resolution 3D electron microscopy (EM)
reconstruction of the MT structure (Nogales et al. 1999).
The number of protofilaments of in vitro polymerized
MTs has been found to vary between 11 and 17,
depending on the buffer conditions (Pierson et al. 1978).
Transitions have been found within individual MTs,
corresponding to line defects in the MT lattice (Chrétien
et al. 1992). It has been speculated that there might also
be other types of lattice defects, such as point defects,
and it has been postulated that the motor-like protein
katanin, which catalyzes the breakdown of MTs, spe-
cifically targets such defects (Davis et al. 2002).

To precisely understand the many dynamic processes
that MTs are involved in, it will be crucial to be able to
image with molecular resolution in physiological condi-
tions. EM, which provides molecular resolution, requires
fixed and stained or frozen samples, precluding the
observation of dynamic processes. Light microscopy, on
the other hand, has insufficient resolution to distinguish
structures on the scale of the tubulin subunits (4 nm). To
study dynamic rearrangements, interactions with motor
proteins and regulatory proteins, as well as the dynamic
properties of defects in the MT lattice, it is necessary to
merge nanometer resolution with the capability to work
in a close-to-native environment at room temperature.
Scanning force microscopy (SFM) (Binnig et al. 1986)
operated in buffer can meet these requirements. SFM



makes use of a tip with a radius of order 10 nm to
mechanically scan the sample, and thereby produces a
topographical map. The sample needs to be attached to a
(smooth) surface to be imaged. MTs, being hollow shell
structures, are very prone to damage. Initial attempts of
imaging with SFM in tapping mode were limited in res-
olution and struggled with the damage problem (Fritz
et al. 1995), or had to employ strong cross-linking by
glutaraldehyde to reinforce the MTs (Vinckier et al.
1996). The latter method is likely to affect dynamic
properties as well as interactions with other proteins.
Here we show that by carefully choosing the method
of surface attachment, as well as the method of scanning
and controlling the maximal tip force, it is possible to
image MTs in buffer with single-protein resolution,
without destroying or noticeably deforming them.

Materials and methods

Sample preparation

Tubulin was purified from porcine brain using standard methods
(Williams and Lee 1982), and polymerized at 3 mg/ml concentra-
tion by adding 10% glycerol and 1 mM GTP followed by incu-
bation at 36 °C for 30 min. MTs were 200-fold diluted into PEM80
buffer (80 mM Pipes, pH 6.9, | mM EGTA, 2 mM MgCl,) plus
10 uM paclitaxel (Taxol, Sigma) to prevent depolymerization. To
attach the negatively charged MTs, clean glass cover slips were
derivatized with a positively charged silane (de Pablo et al. 2003b)
by immersing in a 0.1% solution of (3-aminopropyl)triethoxysilane
(APTS, Aldrich). They were then rinsed with water and cured at
65 °C. For some samples we used a 1% solution of N'-[3-(tri-
methoxysilyl)propyl]diethylenetriamine (DETA, Aldrich) (Turner
et al. 1995). The solution was hydrolyzed for 5 min before
immersing the cover slips for another 5 min; they were then rinsed
with water and cured at 110 °C.

Imaging

A volume of 40 pl of the MT sample was sufficient to create a
meniscus between the glass surface and the cantilever holder of the
SFM (Nanotec, Spain), submerging the sample and cantilever with
tip in buffer. Soft cantilevers (OMCL-RC800PSA, Olympus, Ja-
pan) with a spring constant of 0.05 N/m and a tip radius of about
20 nm were used.

Results
Imaging microtubules in liquid

The SFM operating method used here is the “‘jumping
mode”’, described elsewhere in detail (de Pablo et al.
1998). In this mode the SFM performs a force—distance
curve at every point of a raster scan with a maximum
vertical force that is set as a parameter (Fig. 1). For each
point the vertical sample position at this set force is
recorded. The tip is then elevated about 30 nm from the
surface before performing the lateral motion to the next
point, thereby minimizing lateral drag forces on the
sample. Typically we started an experiment by scanning
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a 3x3 um? area with 256x256 scan points at a set force of
about 100 pN. We adjusted the MT concentration by
inspection of similarly prepared surfaces in a light
microscope, using differential interference contrast
microscopy, such that on average about one MT was
visible in a 3x3 pm? window. We experimented with the
surface derivatization method and with sample handling
(avoiding excessive shearing) until only a fraction of
<~10% of destroyed MTs was seen in the initial scans.
MTs were typically many micrometers long. After se-
lecting one MT, we zoomed in to image with higher
resolution in a scan area of 500x500 nm?. In these re-
peated scans at low force, an occasional MT was found
to disintegrate (<~10% of the cases).

The MT in Fig. 2A shows a maximum height of
23 nm, close to the 25 nm diameter observed with EM.
This suggests that the tip did not indent the MT
noticeably. The tip radius of about 20 nm is of the same
order of magnitude as the MT diameter. This leads to
exaggerated horizontal dimensions in the image, with
the sides of the tip contributing to image formation, but
this does not affect the measured height of the MT
(Villarrubia 1997). The dilation effect is shown sche-
matically in Fig. 2B, resulting here in a measured
apparent MT width of 70 nm. Owing to the curvature of
the MT surface, the (apparent) lateral spacing between
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Fig. 1A, B Sketch of the “‘jumping mode” scanning procedure (not
to scale). A The cantilever is drawn in two states. Black: elevated
from the surface, in the position where lateral sample motion
occurs. Gray: the sample has been moved upwards by the piezo
until the tip-sample contact bent the cantilever to the point
corresponding to the chosen set force. Cantilever deflection is
measured, as common in SFM, by a laser beam, which is reflected
onto a split photodiode detector. Because scanning is performed in
liquid, there is no capillary tip—surface adhesion force. The arrows
illustrate the vertical and horizontal motion of the sample while
progressing along one scan line. B A jump curve as displayed on the
oscilloscope (averaged over tens of scan points). /. The tip starts at
a height of ~30 nm above the sample. 2. The piezo moves the
sample upwards, and the viscous drag on the cantilever causes a
small deflection. 3. The tip contacts the sample. 4. This is the
contact phase. The deflection is linear with the piezo displacement;
the maximum allowed deflection is set as a parameter. Once this
deflection is reached, the z-piezo position is recorded, and the piezo
will retract the sample from the tip. 5. The viscous drag causes an
inverted deflection on the way back. At a height of 30 nm the
z-piezo movement will stop. At this point the piezo will direct the
sample by a lateral displacement to the next scan point, were a new
force—distance curve is performed. At each scan point, only the
piezo z-displacement required to reach the set force is recorded
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Fig. 2A, B Over 100 scans performed on dozens of different MTs
showing protofilaments were recorded during multiple sessions.
Each experiment was performed using fresh samples and new tips.
A 3D-rendered topography map of a 220-nm-long MT segment on
an APTS surface, scanned with 100x100 points, applying a
maximal force of 90 pN in each point. The protofilaments running
parallel to the MT axis are clearly visible. B Dilation effect of the
tip. The graph shows the profile from A, and a tip with 20 nm tip
radius. Like in A, the z and x scales are different; therefore the
inserted MT cross-section appears deformed

protofilaments grows from ~6 nm to ~9 nm, while the
depth of the grooves between protofilaments is under-
reported as the tip can hardly enter them. Because the
sharpest part of the tip is in contact only with the top of
the MT, resolution is highest there and decreases to-
wards the sides. In most MTs we could resolve the upper
five protofilaments.

Effects of maximal tip force

In order to probe the deformability and the destruction
threshold of MTs, we performed scans with increasing
maximal tip forces. Scanning with forces exceeding
300 pN as well as running multiple scans with forces
close to this value damaged the MTs irreversibly.
Figure 3 shows that scanning with high forces tended to
destroy the top halves of the MTs, whereupon the
rougher inner surface of the bottom half, which was
directly attached to the substrate, was imaged. Since no
substantial lateral forces are exerted on the MTs while
scanning in jumping mode, we suspect that the normal
forces were in this case high enough to disrupt lateral
and axial bonds between tubulin dimers, such that the
whole top halves of the microtubules treated with such
forces were disintegrated. With our cantilevers, a mini-
mum force of 50 pN was required to overcome (thermal)
noise and assure contact between the tip and the MT, a
limit determined by tip and cantilever size, and detection
bandwidth (Gittes and Schmidt 1998). The MTs were
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Fig. 3 This image has 256 scan points per 500 nm and was
processed with a derivative filter enhancing the edges. The MT
attached to an APTS surface is opened intentionally by increasing
the scanning force from 100 to 400 pN in the center of the image.
The scanning direction was downward with horizontal scan lines.
On the horizontal line, where the high force was introduced, a
sharp horizontal cut is visible. The region where 400 pN was used is
rendered in a brighter color for clarity. The inserted profiles show
clearly the difference in height, 23 nm for the intact part and
between 5 and 8 nm for the destroyed part, where only some
remaining protofilaments can be seen. When the scanning force was
reduced again to a low value, the extent to which the high force had
disintegrated the MT can be seen. A few scan lines were required
before an intact MT was found back

deformed elastically for tip forces between 50 and
300 pN. A tip force of 50 pN gave heights close to
25 nm, while at forces close to 300 pN the height of the
MTs was found to be about 21 nm. A systematic study
of the elastic response of MTs in this geometry has been
published elsewhere (de Pablo et al. 2003a). Scanning
forces around 100 pN provided good resolution without
risking destruction.

Single-protein resolution

Figure 4A presents a high-resolution image of an
opened MT showing the inner surface. The striated
pattern has a 4 nm periodicity, the size of monomeric
tubulin. An image of the outside of an intact MT
(Fig. 4B) does not show the monomers in the axial
direction, whereas protofilaments, i.e. gaps between
monomers in the radial direction, are clearly visible.
Fourier transforms of the respective images (insets)
confirm the monomer spacing in the inner surface by
showing faint intensity at about 1/4 nm™" (Fig. 4A, in-
set) while no trace of a signal is seen in the Fourier
transform of the image of the outer surface of the MT
(Fig. 4B, inset) for monomers in the axial direction.

Defects in the microtubule lattice

The lateral resolution in the images was high enough to
reveal lattice defects on the MTs. Figure 5A and Fig. 5B
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Fig. 4A-C Both scans show a 100x100 nm? region scanned with
128x128 points with a maximum tip force of 100 pN. A derivative
filter was applied. A Opened MT on a DETA surface showing the
inner surface of the wall; the protofilaments are hardly visible, but a
striated pattern is visible oriented roughly at a right angle to the
MT axis. The inserted line is exactly perpendicular to the MT axis,
showing the angle of the stripes. A fast Fourier transformed image
(FFT) (inset) shows weak peaks corresponding to a periodicity of
4 nm, the size of a tubulin monomer. B Intact MT on an APTS
surface showing the outer surface imaged under similar conditions.
The protofilaments are visible. Both in the topography as well as in
the FFT there is no indication of the axial monomer periodicity.
The protofilaments give a visible, but not very clear, signature in
the FFT, because only five are visible and their apparent spacing is
not constant. C Sketch of the axial cross-section of a protofilament
based on cryo-EM results by Nogales et al. (1999). The periodicity
of the monomers is much more pronounced on the inside. This is
consistent with the finding that only an opened MT shows
monomer periodicity in the axial direction (see A)

show two point defects, small holes in the MT wall.
Figure 5C shows what appears to be a lateral offset in
one or more protofilaments or a crack in the wall. Yet
another type of defect, a split between two protofila-
ments, is shown in Fig. 5D. The split is likely related to
the relatively strong bend in this MT (radius of curva-
ture 650 nm).

Discussion

The resolution obtained with SFM depends primarily on
the size of the tip, while the distance between scan
points, combined with the stability of the piezo, as well
as Brownian motions of both tip and sample, also play a
role. Axial gaps between tubulin monomers could only
be detected on the MT inner wall. This is not unex-
pected, since 3D MT reconstruction from EM data
(Nogales et al. 1999) shows virtually no gaps between
monomers in the axial direction on the outer protofila-
ment surface, while at the inner surface the tubulin
monomers are clearly separated by a cleft (Fig. 4C).

In the so-called B-lattice, in which form microtubules
normally polymerize, lateral monomer contacts are pri-
marily between «—o and f—f (Mandelkow et al. 1986).
Because neighboring protofilaments are staggered with a
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Fig. 5A-D These images were taken with 256 scan points per
500 nm, have a derivative filter applied and were obtained on
APTS surfaces. A Point defect: one protofilament was disrupted
over an apparent length of 12 nm, leaving a hole in the MT wall.
The length of the defect (in combination with the dilation) suggests
the absence of two tubulin dimers. The MT was scanned three
times without observing any change, making it unlikely that
scanning had induced or enhanced the defect. B Similar point
defect as in A, but now more to the side of another MT. C One (or
possibly more) protofilament(s) interrupted by a fracture, after
which they continue with a lateral shift. D An MT with an
unusually small radius of curvature of 650 nm, normally only seen
when it is bent by an external force. An increased spacing between
protofilaments at the outer side of the curve can be seen, which
suggests disrupted lateral bonds

pitch of 0.92 nm, the 13-protofilament MT helix has a
rise of three tubulin monomers per turn. This implies an
axial “‘seam’ with o—f contacts. Evidence has been re-
ported that growing MTs first form as flat ribbons at the
growing tip and then progressively curl up to form the
closed tubules (Kirschner et al. 1975; Simon and Salmon
1990), leaving a seam with a—f§ contacts (Kikkawa et al.
1994). This predicted seam was not visible in our SFM
images, likely for the reason that we did not resolve
differences between «- and fS-tubulin. This is consistent
with the high homology in tertiary structure found be-
tween the two types of monomers, with differences of
only ~0.1 nm (Nogales et al. 1998). The split observed in
Fig. 5D might be marking the seam, but in this case the
radius of curvature of the MT was so short (650 nm) that
the opening of the tube might have occurred between any
pair of protofilaments in the highly strained MT.

The origin of the point defects we detected might lie
in the assembly process, conceivably caused by the
inclusion of damaged building blocks (tubulin dimers)
or by the fast growth skipping isolated sites. Defects
could also be induced by external forces that exceed the
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elastic limits of the tube, for example by the SFM tip, or
by pipetting of the MT sample before depositing it in on
the substrate surface. The defect observed in Fig. SA
was stable over repeated scans at low force, so that it is
unlikely that it was caused by the imaging process itself.
The number of defects observed so far was too small for
a statistical analysis.

The existence of point defects has been indirectly in-
ferred previously in experiments with the motor-protein
related protein katanin, an MT severing protein complex
(McNally and Vale 1993). Katanin binds the MT, and,
by hydrolysis of ATP, disrupts the bonds between
tubulin dimers, thereby weakening the MT’s lattice.
Davis et al. (2002) proposed a model, based on obser-
vations of katanin-mediated severing of MTs, in which
katanin binds preferentially to defects rather than to
random locations. They estimated a frequency of one
defect per 0.6 pm, where every postulated defect would
correspond to two tubulin dimers. The fact that such
defects can exist is demonstrated by our observations,
although we cannot give an estimate of the frequency of
occurrence due to lack of statistics.

Transitions in protofilament number were found to
occur with a frequency of about one per 15-17 pm in
cryo-EM studies (Chrétien et al. 1992; Arnal and Wade
1995) under experimental conditions similar to ours
(addition of paclitaxel after polymerization). This rela-
tively infrequent occurrence might be the reason why we
have not observed any clear examples yet. The shifted
protofilament in Fig. 5C could be caused by a change in
protofilament number. We did, however, not observe a
change in width and height of the MT corresponding to
an addition of one protofilament (~5 nm). It is con-
ceivable that our imaging procedure created a bias in the
sense that only the most stable MTs might have been
visible at all, which are likely to be the ones with 13
protofilaments. If others, however, had been destroyed,
we would expect to at least see the remainders of the
bottom parts of the tubes, which was not often the case.

The role of paclitaxel for the mechanical properties of
microtubules is not yet entirely clear. In our experiments
it was used to stabilize the MTs against depolymeriza-
tion at the low protein concentrations necessary for
imaging. Because paclitaxel is a small molecule
(MW =0.85 kD) that binds to a specific location in f-
tubulin (Snyder et al. 2001) and does not add a consid-
erable mass, it is not expected to have major effects on
the rigidity of the MT. It does, however, influence the
frequency of defects. In the absence of paclitaxel, Arnal
and Wade (1995) found a protofilament transition rate
of one per 35 um, increasing to one per 6-8 pum when
paclitaxel was present during polymerization. In vivo,
without paclitaxel, the formation of MTs is an easily
reversible process. Although assembly and disassembly
is believed to occur predominantly from the ends, it is
conceivable that the lattice is more dynamic and that the
MT can anneal by dynamic rearrangements of mono-
mers or dimers. Such lattice dynamics might be mea-
surable by the technique we have used. It is likely,

however, that the relatively strong attachments needed
to image the MTs would prevent some dynamic pro-
cesses from occurring.

We expect that the presented results, which demon-
strate molecular resolution on microtubules in close to
physiological conditions, will open new doors to a
microscopic understanding of the many complex
dynamic machineries that microtubules are involved in.
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